INTRODUCTION
============

Exocytosis is a fundamental process of eukaryotic cells in which the membrane of a cargo-loaded vesicle and the plasma membrane fuse ([@B36]). The molecular control of exocytosis is complex, involving \>25 proteins and an unknown number of lipids ([@B35]). Work over the last several decades has established that the core machinery for membrane fusion is a multipart assembly made up of the proteins syntaxin, SNAP25, and VAMP, collectively called the soluble *N*-ethylmaleimide--sensitive factor attachment protein receptors (SNAREs; [@B35]). These three proteins coil together, pulling the plasma membrane and vesicle membrane into close apposition to drive fusion. Although the SNAREs are sufficient to induce membrane fusion in vitro, dozens of other accessory proteins assemble together with the SNAREs to accelerate and regulate exocytosis in cells ([@B69]; [@B35]).

Exocytosis can be divided into several distinct steps, including docking, priming, fusion, and recapture ([@B67]). Decades of biochemical, structural, genetic, and cellular work have contributed to a detailed understanding of the molecules involved in each of these stages. For example, vesicle-bound Rab GTPases are believed to control trafficking and docking ([@B79]; [@B23]; [@B21]). The SNAREs and a collection of cofactors---tomosyn ([@B20]; [@B27]), munc18a ([@B26]; [@B78]), munc13 ([@B10]), Ca^2+^-dependent activator protein for secretion (CAPS; [@B47]; [@B37]), and others---have been proposed to be critical to priming and fusion ([@B35]). The calcium sensor synaptotagmin is likely the trigger for fusion pore formation ([@B80]; [@B12]; [@B68]). Phosphatidylinositol-4,5-bisphosphate (PIP2) and other lipids are central both biochemically and structurally to the process ([@B28]; [@B33]; [@B49]). It is intriguing that several classical endocytic proteins have been implicated in fusion pore regulation and membrane recapture. Dynamin, amphiphysin, and syndapin have been functionally connected to the regulation of the fusion pore ([@B76]; [@B50]; [@B46]; [@B4]; [@B58]). Clathrin and dynamin have been linked with vesicle membrane recapture ([@B6], [@B5]; [@B31]; [@B76]; [@B4]). It is unclear, however, how, when, and whether these proteins are recruited directly to exocytic sites and how their localization might change during and after fusion. Visualizing the dynamic behavior of all these components at single sites of exocytosis is needed to fully understand this complex and highly regulated cellular process.

Here we image the behavior of 27 proteins at single sites of calcium-triggered exocytosis in living endocrine cells. Specifically, we image pairs of fluorescent proteins with two-color total internal reflection fluorescence microscopy (TIRF) in insulin-secreting INS-1 endocrine cells ([@B64]; [@B72]). By observing individual proteins and lipids both at steady state and over time in the same experimental system, we establish the dynamic behavior of the exocytic machinery and directly compare the relative temporal behaviors of the molecular components. Our data identify two broad classes of protein and lipid actions at exocytic sites: 1) proteins enriched at exocytic sites before exocytosis, including Rab proteins and SNARE modulators, that are lost from the site of fusion after exocytosis; and 2) a group of proteins and lipids involving dynamins that are recruited rapidly near the moment of fusion and appear to regulate the release of vesicle cargo. Together our data determine the local dynamics of proteins and lipids at exocytic sites before, during, and after membrane fusion and help to build a spatial and temporal model of the exocytic fusion machine.

RESULTS
=======

We used INS-1 cells as a model system to track calcium-stimulated exocytosis ([@B30]). These cultured endocrine cells are derived from pancreatic beta cells and release insulin and other hormones---for example, amylin and neuropeptide Y (NPY; [@B82])---from dense-core vesicles (DCVs) in response to extracellular glucose, membrane depolarization, and increases in cytosolic calcium concentrations. We first studied the structure of INS-1 cells. [Figure 1, A and B](#F1){ref-type="fig"}, shows a transmission electron microscope (EM) image of a thin section of an entire INS-1 cell. Numerous vesicles with electron-dense cores rest within a few nanometers of the plasma membrane. The size (170 ± 32 nm, *n* = 33) and shape of these vesicles are consistent with DCVs from these and other endocrine and neuroendocrine cells ([@B52]; [@B51]; [@B65]; [@B74]). To fluorescently label DCVs, we expressed NPY--green fluorescent protein (GFP), a cargo protein commonly used to mark the vesicle lumen ([@B43]) in INS-1 cells, using transient transfection. TIRF images of these cells showed dozens of diffraction-limited spots resting within a few hundred nanometers of the plasma membrane ([Figure 1C](#F1){ref-type="fig"}).

![Dense core vesicles rest near the plasma membrane of INS-1 cells. (A) TEM image of a 80-nm cross-section of a cultured INS-1 cell. Several DCVs rest near the plasma membrane. Scale bar, 2 μm. (B) Enlarged area (cyan box in A) of the TEM image. Scale bar, 200 nm. (C) TIRF image of an INS-1 cell transfected with NPY-GFP. Scale bar, 2 μm. (D) Overlay of TIRF NPY-GFP image (magenta) and platinum replica TEM image (gray) of an INS-1 cell plasma membrane sheet. The image is 15.4 μm wide. Colored boxes are enlarged panels in E--G (scale bar, 200 nm). (E) A single DCV labeled with NPY-GFP enlarged from D (cyan box). (F) A clathrin-coated pit from D (green box). (G) Other labeled and unlabeled membrane structures found on the INS-1 cell membrane. The structure on the right is stained by NPY-GFP, and the larger structure on the left is not. Actin filaments are also visible (orange box).](2423fig1){#F1}

To obtain a better physical picture of NPY-GFP--labeled vesicles and their cellular surroundings, we performed correlative light and platinum replica transmission electron microscopy (TEM; CLEM) on cells transfected with NPY-GFP ([@B29]; [@B62], [@B63]). Plasma membrane sheets were imaged with TIRF and subsequently prepared for TEM by platinum coating. Platinum replicas were then imaged, and the resulting TEM and fluorescence images were aligned ([Figure 1D](#F1){ref-type="fig"}). CLEM revealed a wide variety of plasma membrane--associated vesicles, filaments, and endocytic structures ([Figure 1, D--G](#F1){ref-type="fig"}). Prominent features of the plasma membrane included the dense network of cortical actin and clathrin-coated structures. Smooth, round vesicles were also prevalent. [Figure 1D](#F1){ref-type="fig"} shows that NPY-GFP--labeled structures were small, smooth, spherical vesicles (172 ± 42 nm, *n* = 34) that match the diameter and shape of DCVs measured from thin-section TEM. Only a minority of all EM-visible vesicles, however, were marked with NPY-GFP. The remaining unlabeled vesicles at the plasma membrane could represent other vesicles types or DCVs formed before transfection ([@B13]). Thus, using transient transfection likely focuses our analysis on relatively newly packaged DCVs, which could have different behaviors than long-lived DCVs. Indeed, other groups have shown that DCVs exhibit distinct behaviors and localizations as a function of their age ([@B16]; [@B75]).

We first imaged the steady-state association of proteins with NPY-GFP--labeled DCVs. Many of the molecules involved in exocytosis are known ([@B35]), and we sought to quantify their steady-state colocalization with NPY-GFP--labeled DCVs in INS-1 cells. To determine colocalization, we expressed NPY-GFP and a second, red-labeled test protein in the same cells ([Figure 2, A--C](#F2){ref-type="fig"}). We next used an unbiased quantitative correlation-based image mapping approach to determine the degree of association between the test, red-labeled protein and all visible NPY-labeled vesicles and randomized control images ([Figure 2D](#F2){ref-type="fig"}; [@B44]). This method was previously developed to account for a wide range of expression levels and intracellular distributions and designed to quantitatively measure colocalization in an unbiased manner in cases that were otherwise difficult to evaluate ([@B44]).

![Correlation analysis with NPY-GFP measures protein colocalization with DCVs and identifies exocytic events in stimulated cells. (A--C) TIRF images of an INS-1 cell cotransfected with NPY-GFP (A) and mCherry-Rab27a (B). (C) Merged image. (D) Correlation analysis of 30 proteins with NPY-GFP--labeled DCVs in INS-1 cells. Cells are sorted based on their mean correlation values. Red boxes indicate proteins associated with DCVs, and gray boxes indicate proteins that are nonspecifically or not associated with DCVs. The box is the 25th--75th percentile range of data, and the whiskers are the SD. The solid bar is the median, and the small dash is the mean. The × marks above and below each data set are the 1st and 99th percentiles. (E, F) Exocytic fusion event analysis in the NPY-GFP channel from A (left) and the mCherry-Rab27a channel from B (right). Top, images of a single exocytic event over time. Middle, corresponding fluorescence intensity of the images. Bottom, average fluorescence intensity trajectory calculated from all events from the same cell. The SE of the data is small and shown in transparency.](2423fig2){#F2}

Our imaging approach relies on the exogenous expression of fluorescently tagged proteins using transient transfection. We chose transient expression because it enabled us to rapidly screen a large subset of proteins, which would not have been feasible using lower-throughput methods such as genome-engineered cell lines ([@B55]). Furthermore, transient expression enables us to visualize dynamics that might otherwise be difficult to detect at low expression levels under either endogenous or lower-expression promoter control. Overexpression can be problematic, however, as protein levels could affect protein localization, dynamics, or other cellular behaviors. To test for possible overexpression effects on our analysis, we verified for 11 correlated proteins that there was no relationship between expression levels and correlation values (Supplemental Figure S1). Similar effects were seen in PC12 cells ([@B44]). With these experimental caveats in mind, these data identify key proteins and lipids that can specifically localize to DCVs, although we cannot fully exclude the possibility that the native behavior of the proteins could be modulated by expression levels or tagging.

We determined the steady-state correlation values for 30 proteins and analyzed \>15,000 DCVs from 346 cells. [Figure 2D](#F2){ref-type="fig"} plots the correlation values for each protein sorted according to their average values. Representative TIRF images for each protein are shown in Supplemental Figure S2. We see a wide range of correlation values, similar to previously measured values in PC12 cells ([@B44]). These data suggest that DCVs in these two cell types are similar in composition ([@B44]). At the two extremes, rabphilin3a has the highest correlation value at 0.62 and is strongly associated, whereas actin has a negative correlation value and is excluded from DCVs. To evaluate the data more quantitatively, we compared the NPY-GFP correlation values of each protein with the correlation data sets from every other protein using Student's *t* test. The *p* values from this analysis are plotted in Supplemental Figure S3. We find a cluster of proteins that are not statistically different from values for nonspecific markers of the cytoplasm (mCherry) or membrane (farnesylated-mCherry). Highly correlated proteins that are strongly associated with DCVs were rabphilin3a, rab3a, rab27a, CAPS, syntaxin1a, munc18, tomosyn, αSNAP, VAMP2, and VAMP3. These proteins likely fall into three spatial groups: 1) proteins directly bound to the DCV membrane (Rab proteins, VAMP); 2) proteins directly bound to the plasma membrane beneath the docked DCV (syntaxin1a, munc18); and 3) accessory proteins likely interacting with the docking complex (tomosyn, CAPS).

To study the dynamic behavior of these proteins during exocytosis, we stimulated INS-1 cells by local superfusion with 10 μM calcium ionophore ionomycin. Ionomycin reproducibly triggers rapid and robust calcium-dependent exocytosis of DCVs ([@B66]). Although we present data from cells stimulated with ionomycin, similar data were obtained with high-potassium stimulation of exocytosis (Supplemental Figure S4). Exocytosis was rarely seen in cells that were not stimulated. Single exocytic events were recognized by flashes of diffraction-limited NPY-GFP fluorescence and then complete loss of signal from the vesicle ([Figure 2E](#F2){ref-type="fig"}; [@B72]). The increase is due to neutralization of the acidic lumen of the vesicle and rapid diffusion of the pH-sensitive fluorophores toward the glass coverslip. Owing to the frame rate of our imaging, the exact moment of fusion is difficult to pinpoint, but we estimate fusion to occur within one frame before the maximum intensity change. All detectable fusion events were analyzed, and a majority occurred from vesicles with low diffusion coefficients (∼9 × 10*^−^*^4^ μm^2^/s) that were stably docked to the plasma membrane (Supplemental Figure S5).

By mapping the spatiotemporal coordinates of exocytic events as determined from the NPY-GFP channel onto the red fluorescence channel, we could then track the behavior of red-labeled test proteins at sites of fusion. We determined the intensity trajectories of these proteins by measuring the average fluorescence at the site of fusion, subtracting a local background, and normalizing the intensity. A representative example of a single event from a cell expressing NPY-GFP and mCherry-Rab27a is shown in [Figure 2, E and F](#F2){ref-type="fig"}. In this example, Rab27a is quickly lost from the vesicle upon cargo release in both the single-event and average traces.

To identify general behaviors of the red-labeled proteins at sites of exocytosis in the noisy cellular environment, we averaged single events to generate average dynamic trajectories (see subsequent discussions of [Figures 3--5](#F3 F4 F5){ref-type="fig"}). Each single trajectory was normalized so that events from different regions and cells could be combined, and we temporally aligned trajectories to the maximum intensity decrease before averaging them together ([@B72]). The maximum intensity decrease in the NPY signal, marking the moment of luminal cargo release, was the most robust signal for time alignment, as it was invariantly observed in all exocytic cases, whereas sometimes the sharp increase in fluorescence was of variable amplitude due to our time resolution. Averaging these different types of trajectories gives a slow increase in NPY-GFP intensity before the sharp spike and then drop in fluorescence observed in the average trajectory in [Figure 2E](#F2){ref-type="fig"}.

![(A) Rab proteins are stably associated with DCVs before exocytosis and rapidly diffuse away after exocytosis. (B) SNARE modulators are associated with DCVs before exocytosis and diffuse away rapidly after cargo release. Background-subtracted and normalized fluorescence intensity traces are shown for each protein. Top, average NPY-GFP signal for all events in each set (*N* = 98 for A, *N* = 118 for B) relative to fusion. Dashed line marks the zero time point. The mean fluorescence intensity is shown as a dark line, and the SE of the data set is shown in transparency for all traces. If the SE is not visible, it is smaller than the line. *N* = 50 for rab27a, 37 for rab3a, 31 for rabphilin3a, 31 for munc18a, 38 for tomosyn and 49 for CAPS.](2423fig3){#F3}

![PIP2, dynamins, and several BAR domain--containing proteins are transiently recruited to the exocytic site near the time of membrane fusion. Background-subtracted and normalized fluorescence intensity traces for each protein indicated. Top, average NPY-GFP signal for all events (*N* = 200) as a relative standard of time. The dashed line marks the zero time point. The mean fluorescence intensity is shown as a dark line, and the SE of the data set is shown in transparency behind the data for all traces. The dagger indicates that there is not a statistically significant shift in intensity at *t* = 0 relative to the beginning of the trace, determined using *t* tests in Supplemental Figure S6. If the SE is not visible, it is smaller than the line. *N* = 50 for dnm-1, 38 for dnm-2, 34 for amphiphysin, 41 for syndapin2, 45 for endophilinA2, 30 for PIP2-sensor, and 30 for farn-mCherry.](2423fig4){#F4}

![Disruption of dynamin-1 and dynamin-2 amphiphysin binding impairs recruitment to exocytic sites. (A) Dynamin-1 point mutants were made to disrupt interaction with PIP2 (K535A), amphiphysin (833-838A), syndapin (S774E,S778E), or GTPase activity (K44A). (B) Dynamin-2 mutations were made to disrupt interaction with amphiphysin and other BAR-domain proteins (dPRD) or PIP2 (K535A). Background-subtracted and normalized fluorescence intensity traces are shown for each protein. Top, average NPY-GFP signal for all events in A (*N* = 135) as a relative standard of time. The dashed line marks the zero time point. The mean fluorescence intensity is shown as a dark line, and the SE of the data set is shown in transparency behind the data for all traces. If the SE is not visible, it is smaller than the line. Dagger indicates that there is not a statistically significant shift in intensity at *t* = 0 relative to the beginning of the trace, determined using *t* tests in Supplemental Figure S6. *N* = 50 for Dnm1, 29 for Dnm1-K44A, 43 for Dnm1-S774E-S778E, 39 for Dnm1-K535A, 46 for Dnm1-833-838A, 38 for Dnm2, 18 for Dnm2-dPRD, and 33 for Dnm2-K535A.](2423fig5){#F5}

Although averaging enables us to detect subtle and stereotypical changes in fluorescence in the cellular environment, there are several important considerations to bear in mind. First, the absolute amplitude of the averaged traces is difficult to interpret quantitatively because of the normalization procedure. Consequently the normalized intensity of Rab27a decays to only 0.25 even though we observe no evidence of significant protein retention after exocytosis (single trace, [Figure 2F](#F2){ref-type="fig"} and Supplemental Figure S6). Second, because averaging might obscure heterogeneity in DCV behaviors, we tested whether we could match single-vesicle correlation values with exocytic behaviors. Specifically we tested whether vesicles that underwent fusion had correlation values different from those of steady-state DCVs ([Figure 2](#F2){ref-type="fig"}). We did not, however, detect any substantial differences between vesicles that underwent fusion and their steady-state prefusion values. We hypothesize that this observation might arise because vesicle priming could result from conformational changes in the proteins rather than specific changes in protein components or concentrations. Finally, because we imaged all proteins relative to NPY-GFP and not to each another, we cannot report whether certain combinations of exocytic factors might be enriched at specific DCVs. Here both our correlation analysis and dynamic imaging analysis focus on average DCV behavior, and thus we cannot conclusively show that a large group of proteins coexists or functionally interacts at individual DCVs even though they display similar average dynamic behaviors at DCVs.

To evaluate the statistical significance of the dynamic protein changes we observed at exocytic sites, we performed *t* tests on the proteins we imaged (Supplemental Figure S6). We calculated an average baseline intensity for each single trajectory by averaging the first 10 frames of the trajectory and then performed a Student's *t* test between this baseline value and every other time point across all individual trajectories for that protein. The *p* values are plotted against time in Supplemental Figure S6, and we interpret *p* \< 0.05 to suggest that the average intensity at that data point in the trajectory is statistically distinguishable from the average baseline intensity before fusion. We use this statistical method to evaluate whether fluorescence fluctuations in average intensity trajectories represent meaningful deviations and therefore protein or lipid recruitments or losses from the site of exocytosis.

We visualized the dynamics of 27 proteins at single sites of exocytosis (1071 events from 154 cells; *n* values for individuals constructs are given in Supplemental Figure S3B and figure legends). As mentioned earlier, the functionality of tagged proteins is a general concern, but we observed no evidence that our introduced proteins impaired exocytosis or induced morphological changes to the cells or vesicles. Similar numbers of exocytic events were observed across all proteins tested (Supplemental Figure S3B), and no expressed protein caused failure of exocytosis.

The dynamics of Rab proteins---lipidated GTPases located on the cytoplasmic face of the vesicle membrane proposed to be involved in vesicle docking---is shown in [Figure 3](#F3){ref-type="fig"} ([@B67]). Rab3a, Rab27a, and rabphilin3a, an effector that binds Rab3a, all showed similar behaviors at exocytosis ([Figure 3A](#F3){ref-type="fig"}). Each was lost rapidly from the vesicle membrane upon cargo release. The average decay kinetics from these Rab proteins was similar, suggesting that these proteins in general diffuse away from vesicles with similar kinetics. The modest increase in mCherry after fusion is consistent with previous observations and is likely due to cytosolic mCherry filling the space vacated by the exocytic protein machinery ([@B72]).

Because Rab membrane interactions are important to their function, we examined their diffusion behaviors more closely. Rab27a appeared to be unique, in that it clearly diffused laterally away from the vesicle into the plane of plasma membrane as a spreading wave (Supplemental Figure S7). We calculated a diffusion coefficient of ∼0.1 μm^2^/s, which is consistent with the diffusion of a membrane-bound protein ([@B39]; [@B34]). For other Rabs, despite having similar decay kinetics, we did not observe strong evidence of lateral diffusion, suggesting that loss of these proteins might reflect some degree of detachment from the membrane and diffusion into the cytosol. Regardless of the mechanisms of their loss, our data clearly show that Rabs are lost from the vesicle upon cargo release.

After vesicles dock with the plasma membrane, SNARE proteins are believed to assemble and prime under the control of specific SNARE-binding proteins ([@B69]). Next we considered the dynamics of these SNARE modulators before and after exocytosis. Most of the SNARE modulators had stable fluorescence in the seconds preceding the start of fusion. Several were dramatically lost from the vesicle site upon cargo release ([Figure 3B](#F3){ref-type="fig"}). Munc18a diffuses away from the vesicle within seconds of membrane fusion. Surprisingly, we found that tomosyn is present and stable on the vesicle up until near the time of fusion and then diffuses away. CAPS also remained stably associated with DCVs until within seconds of membrane fusion and then diffused away. We did not observe substantial recruitment or decay of complexin and synaptotagmin upon exocytosis, although both proteins are suggested to have functional roles in membrane fusion ([@B48]; [@B2]; [@B56]; Supplemental Figure S6). Our correlation analysis confirmed that these proteins are associated with DCVs, although with relatively low values. Complexin and synaptotagmin are diffusely distributed, which contributes to high background fluorescence, and we suspect that this high background may mask our ability to detect small changes in their localization at exocytic sites. It is possible the particular isoforms---synaptotagmin-1 and complexin-2---that we used are either not properly processed or are simply not the primary physiological isoforms of these proteins for INS cells. Indeed, work from other groups has shown that other synaptotagmin isoforms are very important in DCV exocytosis ([@B56]). Taken together, our data suggest that munc18a, tomosyn, and CAPS remain associated with the vesicle until exocytosis and, like Rabs, are lost and rapidly diffuse away when the fusion pore is formed.

On calcium stimulation, the SNARE proteins are proposed to assemble and pull the vesicular and plasma membrane together to initiate fusion ([@B35]). We observed only minor intensity changes of the three SNARE proteins at sites of exocytosis (Supplemental Figure S6). Of the three SNARES, VAMP showed the largest intensity changes and appears to be rapidly lost into the membrane at fusion, which is consistent with previous work ([@B1]). SNARE proteins are extremely abundant in cells, and we suspect that high expression levels make it difficult to see subtle dynamic changes in their local concentration upon exocytosis ([@B42]; [@B8]; [@B39]).

Several studies have linked the dynamin GTPases to the latter stages of exocytosis ([@B76]; [@B50]; [@B4]), and we sought to visualize when and where dynamin is recruited relative to cargo release in INS-1 cells. We found that both dynamin-1 and dynamin-2 are recruited to exocytic sites near the moment of fusion. Dynamin-1 peaks at NPY-GFP release and then decays rapidly, whereas dynamin-2 remains associated for a longer time ([Figure 4](#F4){ref-type="fig"}). Dynamin localization has been shown to depend on both PIP2 and BAR-domain proteins ([@B59]; [@B19]). Thus we visualized these factors to test whether their dynamics mirrored the behavior of dynamin. Strikingly, we observed a large transient increase in the lipid PIP2 near the moment of NPY release ([Figure 4](#F4){ref-type="fig"}). PIP2 was visualized using the pleckstrin homology (PH) domain of PLC-δ4 ([@B38]). The same pattern of recruitment was observed with the higher-affinity PH domain of PLC-δ1 (Supplemental Figure S6; [@B70]). We did not observe any recruitment of the control lipid marker farnesylated mCherry (denoted by dagger in [Figure 4](#F4){ref-type="fig"}; intensity at *t* = 0 was not significantly different from average baseline fluorescence before fusion; see *t* tests in Supplemental Figure S6). Similarly, we observed a strong transient recruitment of the BAR-domain proteins amphiphysin, syndapin2, and endophilinA2 ([Figure 4](#F4){ref-type="fig"}). We did not observe recruitment of the related BAR domain--containing protein endophilinA1 or endophilinB1, suggesting that this recruitment is not a general property of curvature-sensing or -generating proteins (Supplemental Figure S6; [@B14]). We assessed the significance of recruitment using *t* tests as described earlier, which showed that for dynamin-1, dynamin-2, PIP-sensor, amphiphysin, endophilinA2, and syndapin2, the intensity increase around the time of fusion (time 0 and surrounding time points) was statistically distinguishable from the average intensity before fusion (Supplemental Figure S6). Together our data support the hypothesis that the dynamins ([@B76]; [@B50]; [@B4]), PIP2 ([@B28]; [@B33]; [@B49]), and specific BAR-domain proteins ([@B46]; [@B58]) are not associated with DVCs at steady state but are transiently recruited to exocytic sites near the moment of membrane fusion.

To determine the hierarchy of associations in this complex, we examined how mutant dynamins behaved at single sites of fusion. We observed that the GTPase mutant dynamin-1 K44A was still recruited rapidly during exocytosis ([Figure 5](#F5){ref-type="fig"}). Similar data were obtained for a mutant of dynamin-1 (S774E/S778E) that does not bind to syndapin ([Figure 5](#F5){ref-type="fig"}). [Figure 5](#F5){ref-type="fig"} shows that the K535A mutation in dynamin-1's PH domain, which blocks PIP2 binding, was also recruited, but with a smaller relative spike, to wild-type dynamin. The same mutation to block PIP2 binding in dynamin-2 appeared to have no effect on dynamin-2 recruitment. Critically, the dynamin-1 mutant that is unable to bind to amphiphysin (833-838A) was not recruited to vesicles at exocytosis ([Figure 5](#F5){ref-type="fig"}; Supplemental Figure S6 shows *p* \> 0.05 at time 0, denoted by a dagger in [Figure 5](#F5){ref-type="fig"}). Deletion of the PRD domain from dynamin-2, which blocks its interaction with amphiphysin and other BAR-domain proteins, also blocked its recruitment to exocytic sites (intensity actually fluctuates down at fusion, and *p* \> 0.05 at time 0, denoted by a dagger in [Figure 5](#F5){ref-type="fig"}). Collectively these data indicate that dynamin-1 is directed to exocytic sites by association through its PRD domain with the SH3 domain of the BAR protein amphiphysin. This interaction is stabilized by binding of dynamin-1's PH domain with PIP2 at the vesicle site. Dynamin-2 appears to be recruited primarily through interaction with a binding partner, likely a BAR-domain protein, via its PRD domain. Syndapin may play a role in dynamin-2 recruitment or be functionally important at exocytic sites in a capacity other than dynamin recruitment. In addition, these data indicate that the GTPase activity of dynamin-1 is not required for its recruitment at fusion.

We next investigated dynamin function at exocytic sites by measuring the effect of dynamin perturbation on vesicle cargo release. Fluorescently tagged dynamins can functionally replace endogenous dynamins ([@B15]; [@B73]; [@B24]). We transfected cells with tissue plasminogen activator (tPA) tagged with GFP to visualize DCV cargo release patterns. tPA-GFP is a long-lived vesicular cargo protein that is released slowly from DCVs ([@B72]; [@B81]). We identified tPA-GFP exocytic events by their dramatic increase in fluorescence upon fusion, caused by neutralization of the acidic vesicle lumen, followed by exponential fluorescence decay as tPA-GFP molecules leave the vesicle lumen with τ = 44.2 s ([Figure 6](#F6){ref-type="fig"} and Supplemental Figure S8). We cotransfected cells with dynamin-1 or dynamin-2 mutants to investigate how these affect cargo release patterns. Dynamin-1-K535A, which is recruited less strikingly to exocytic sites than is wild-type (WT) dynamin-1, showed substantially faster (τ = 23.6 s; 187% faster than WT decays; Supplemental Figure S8) tPA-GFP decay after fusion pore opening. Other dynamin-1 mutants (S774E/S778E, τ = 32.8 s; K44A, τ = 37.8 s; and 833-838A, τ = 28.6 s) caused faster tPA-GFP release from vesicles, although the effect was not as pronounced as with the K535A mutant. Given that the K535A mutant does not fully block recruitment of dynamin to exocytic sites, this mutant likely imposes a dominant-negative phenotype to disrupt fusion pore regulation. The K535A protein is localized to exocytic sites but cannot interact with lipid, thereby blocking the action of endogenous dynamins and leading to the more pronounced phenotype we observe. Alternatively, we found that perturbation of dynamin-2 binding to PIP2 had no effect on tPA-GFP release (τ = 40.0 s), whereas deletion of the dynamin-2 PRD domain enhanced cargo release (τ = 30.9 s; 143% faster than WT decays; [Figure 6](#F6){ref-type="fig"} and Supplemental Figure S8). These results suggest that, in addition to their distinct localization patterns, the effect on cargo release of dynamin-1 and dynamin-2 may also be distinct at exocytic sites. Dynamin-1-K535A appears to act as a dominant-negative mutation and perturb cargo release, whereas loss of transgenic dynamin-1 from exocytic sites, with dynamin-1-833-838A, has no effect on release. Conversely, dynamin-2-K535A has no effect on cargo release, and only loss of dynamin-2 from exocytic sites, with dynamin-2-dPRD, enhances cargo release.

![Disruption of dynamin-1 or dynamin-2 binding interactions enhances vesicle cargo release. Exocytic events were visualized using tPA-GFP, a long-lived vesicle cargo protein. Plots show mean tPA-GFP fluorescence intensity, background subtracted and normalized, from exocytic sites in WT cells (black) or cells transfected with indicated dynamin mutant proteins (red). Vertical red hash marks overlaid on the plot denote where *p* \< 0.05 for *t* test comparison between the mutant and WT trajectories. The SE of the data set is shown in transparency around the trace. *N* = 15 for Dnm1-K535A, 21 for Dnm1-833-838A, 43 for Dnm1-S774E-S778E, 10 for Dnm1-K44A. 57 for Dnm2-K535A, and 25 for Dnm2-dPRD.](2423fig6){#F6}

Depleting endogenous dynamin-2 also affected DCV cargo release kinetics ([Figure 7](#F7){ref-type="fig"}). First, we confirmed that both dynamin-1 and dynamin-2 are expressed in INS-1 cells with Western blotting and immunofluorescence ([Figure 7, A and B](#F7){ref-type="fig"}), although we detected dynamin-1 at low expression levels only. This observation might be due to proteolysis of dynamin-1, which we also suspect is the reason we do not observe a higher--molecular weight band, corresponding to tagged protein, in positive control cells expressing mCherry-tagged dynamin-1. Small interfering RNA (siRNA) treatment against dynamin-1 had only a very modest effect on dynamin-1 levels in INS-1 cells, as measured by immunofluorescence ([Figure 7C](#F7){ref-type="fig"}), and consequently there was no effect of this treatment on tPA-GFP release kinetics. It is possible that with a more effective knockdown against dynamin-1 we might have observed an effect on tPA-GFP cargo release. Alternately, it might be that mutant dynamin-1-K535A simply has a stronger dominant-negative effect on cargo release than the removal or reduction of dynamin-1 from exocytic sites. Indeed, our dynamin-1 mutation data support such a hypothesis; dynamin-1-K535A, which is still mildly recruited to exocytic sites, has a deleterious effect on cargo release, whereas dynamin-1-833-838A, which is not recruited to exocytic sites, has no effect ([Figure 6](#F6){ref-type="fig"}). However, knockdown of dynamin-2 resulted in substantially faster tPA-GFP decay, which is consistent with our mutational analysis of dynamin-2 at exocytic sites, specifically that lowering dynamin-2 levels at exocytic sites enhances cargo release.

![INS-1 cells express dynamin-1 and dynamin-2 and knockdown of dynamin-2 enhances cargo release. (A) Western blots on WT INS-1 cell lysates or INS-1 cell lysates transfected with dynamin-1-- or dynamin-2--mCherry constructs. Dynamin-2 is abundant in INS-1 lysates. Dynamin-1 is detectable as full length (∼100 kDa) and proteolytic fragments. (B) Immunofluorescence staining for endogenous dynamin-1 or dynamin-2 in INS-1 cells. Again, dynamin-2 is abundant, but dynamin-1 is also detectable. (C) Quantification of siRNA-induced knockdown of dynamin-2 (*p* = 0.0125). Fluorescence intensity in transfected (KD) versus nontransfected (dnm2) cells in the same samples. (D) Mean tPA-GFP fluorescence intensity, background subtracted and normalized, from exocytic sites in WT cells (black) or cells transfected with siRNA against dynamin-2 (red); *N* = 74. The SE of the data set is shown in transparency around the trace.](2423fig7){#F7}

It is surprising that when we cotransfected cells with siRNA against dynamin-1 and dynamin-2, we found no effect on tPA-GFP release kinetics. Owing to the importance of the dynamins in this and other cellular processes, we hypothesize that cells may compensate for depletion of both dynamins, but not dynamin-2 only, by up-regulating other mechanisms to control exocytosis and endocytosis. Indeed, dynamin-1 and dynamin-2 double-knockout cells remain viable, likely due to compensatory activity by dynamin-3 ([@B53]). Depletion of dynamins in both animal and cell model systems has been shown to affect insulin secretion ([@B50]; [@B18]). Our results, both the effects of dynamin depletion and distinct localization patterns for dynamin-1 and dynamin-2 ([Figure 4](#F4){ref-type="fig"}), support recent hypotheses for distinct functional roles of dynamin-1 and dynamin-2 in cells ([@B57]).

After exocytosis, we observed a modest but significant recruitment of clathrin at sites of exocytosis that lasted ∼1 min (Supplemental Figure S6). Clathrin densely populates the plasma membrane of INS-1 cells and PC12 cells, and we cannot exclude the possibility of nonspecific association of clathrin at sites no longer occupied by the assembled DCV ([@B62]). However, the clathrin enhancement is substantially greater than what we observe for nonspecific cytoplasmic marker mCherry, plasma membrane lipid marker farnesylated mCherry, and many other cytoplasmic proteins (Supplemental Figure S6). We also observe a second phase of syndapin2 recruitment tens of seconds after exocytosis ([Figure 4](#F4){ref-type="fig"}). These data suggest the possibility of localized but modest recruitment of specific endocytic proteins to sites of DCV exocytosis several seconds after membrane fusion ([@B25]; [@B9]).

DISCUSSION
==========

The multiprotein assembly that drives regulated exocytosis in eukaryotic cells is complex. More than 20 proteins and lipids are involved ([@B36]; [@B35]). This macromolecular machine is likely dynamic ([@B22]). Here we mapped the dynamic, temporal behavior of proteins and lipid probes at single sites of exocytosis in endocrine cells. Our data produce a global, sequential map of protein and lipid dynamics during calcium-triggered exocytosis and help to build a comprehensive model for how proteins and lipids behave during exocytosis.

From our data, we identify two general dynamic behaviors for proteins and lipids involved in exocytosis. One is that exocytic proteins enriched at DCVs before exocytosis are lost from the site of exocytosis upon vesicle fusion. Of importance, we did not observe the recruitment of exocytic factors in the moments preceding membrane fusion. At the time resolution of our experiment, loss occurred with similar kinetics for all proteins, suggesting concerted loss of DCV docking and fusion machinery. The relatively low time resolution here, however, likely obscures more complex, multiple kinetic behaviors as molecules diffuse away from exocytic sites.

In this study, we map single proteins associated with DCVs. Specific subpopulations of DCVs within the cell could associate with distinct collections of these proteins. For example, although both CAPS and tomosyn are strongly associated with DCVs on average, it is possible that these proteins are bound to unique vesicle pools and are not themselves colocalized. Indeed, different synaptotagmin isoforms were shown to associate with distinct subsets of DCVs in chromaffin cells ([@B56]). Regardless of what subset of exocytic components is enriched at any particular DCV, our data suggest that they are lost from the DCV completely after fusion and diffuse away with broadly similar kinetics. Previous studies have been at odds over exocytic protein behavior postfusion; some suggest that exocytic components are lost upon fusion ([@B22]), whereas others suggest retention of proteins at exocytic sites ([@B11]; [@B9]).

Unexpectedly, tomosyn strongly associated with some vesicles close to the time of fusion. Tomosyn has been shown to form fusion-incompetent SNARE complexes with syntaxin and SNAP25 and is a potent blocker of exocytosis ([@B27]). Our data, however, show that vesicles with large amounts of tomosyn appear to be fusion active. These data support models in which tomosyn's role at exocytic sites may be more nuanced ([@B7]). We hypothesize that tomosyn could block excess t-SNAREs on the plasma membrane and focus fusogenic activity to only a handful of SNAREs ([@B71]; [@B60]; [@B77]; [@B61]). This might be necessary, given the relatively large membrane/vesicle contact area for DCVs.

The possible gap between the assembly of the exocytic machinery and its activity in membrane fusion is in contrast to other dynamic macromolecular machines in the cell. For example, in the formation clathrin-coated pits, dozens of components assemble and disassemble in a continuous pattern of discrete steps over the course of vesicle budding ([@B73]; [@B40]). Perhaps most exocytic protein assembly is coupled close to DCV docking and occurs on time scales longer than that of calcium stimulation. This would provide a waiting vesicle pool that is poised to react rapidly to calcium stimulation ([@B41]). Furthermore, the loss of proteins involved in vesicle docking and fusion provides evidence against models of exocytosis in which the exocytic fusion protein complex on DCVs remains intact after membrane fusion ([@B11]; [@B9]). Although we observe that some components of this machinery are lost from DCVs in INS-1 cells at exocytosis, it is possible that the dense vesicle core remains behind for subsequent recapture ([@B72]). This would fit with cavicapture models of exocytosis in PC12 and chromaffin cells, where some vesicle components are lost, but the vesicle cavity remains and the membrane can reseal ([@B72]; [@B54]). Furthermore, we observe no evidence of exocytic hotspots or preferred docking sites on the plasma membrane defined by the stable accumulation of exocytic factors that remain there postfusion.

The second general dynamic behavior we observed involved a group of classical endocytic proteins and lipids that are rapidly recruited to exocytic sites near the time of membrane fusion, where they likely modulate cargo release. Dynamins, PIP2, and the BAR- domain proteins endophilin A2, amphiphysin, and syndapin all transiently associated with exocytic sites in this manner. Biochemical and electrophysiological studies demonstrated that dynamins and amphiphysin have important roles in modulating exocytosis ([@B6]; [@B31]; [@B3], [@B4]). These components dynamically increase at exocytic sites near the time when the fusion pore opens. With the exception of dynamin-2, which appears to remain associated for longer times, dynamin-1 and the other molecules are quickly lost. At our time resolution, protein loss appears to occur with similar kinetics; however, future work is necessary to determine whether these components are recruited and lost with distinct kinetics. The parallel recruitment of these molecules to exocytic sites, their well-established direct binding interactions, and mutagenesis studies performed here suggest a straightforward hypothesis that these molecules form a complex at sites of exocytosis. Indeed, we determined that dynamin-1 is localized to the nascent pore by collective interactions with the BAR-domain protein amphiphysin and the lipid PIP2 ([Figure 5](#F5){ref-type="fig"}; [@B59]; [@B19]). It was previously shown that stimulation with calcium can increase PIP2 synthesis in cells, and it was further hypothesized that PIP2 might be locally synthesized by phosphoinositide kinases localized on the DCV membrane ([@B17]; [@B32]). Given that PIP2 is important for dynamin recruitment and is known to critically interact with a variety of other factors, localized PIP2 synthesis represents an intriguing means by which DCVs could regulate cargo release. Future work is needed to identify the potential kinases responsible for the burst of PIP2. Amphiphysin and other BAR-domain proteins could localize to the high membrane curvature of the nascent fusion pore. We also observed that depletion of endogenous dynamin-2 leads to faster cargo release. On the basis of their distinct recruitment patterns and depletion effects, we speculate that the two dynamin isoforms may act in distinct functional roles. We hypothesize that dynamin-1 could stabilize the nascent fusion pore, and dynamin-2 could mediate longer--time scale fusion pore expansion. In support of this idea, previous work showed that dynamins have distinct functional properties both in vitro and in vivo ([@B45]; [@B57]). These results suggest that these classical endocytic proteins could serve another function at exocytic sites to help stabilize and modulate the fusion pore ([@B83]; [@B59]; [@B14]). Such protein and lipid machinery may be critical in endocrine and neuroendocrine DCV systems with complex and modulatory cargo release patterns ([@B54]; [@B3]).

In conclusion, our data show that many exocytic components involved in docking, priming, and fusion are present at exocytic sites before fusion. These static components are lost from sites of exocytosis when cargo is released. Another class of proteins and lipids is rapidly and transiently recruited to exocytic sites near the time of membrane fusion. These factors likely modulate the fusion pore and directly regulate the release of vesicle cargo.

MATERIALS AND METHODS
=====================

Plasmids, solutions, and cells
------------------------------

INS-1 832/13 cells were maintained in RPMI-1640 without phenol red (10% fetal bovine serum, 1% penicillin/streptomycin, 11.1 mM glucose, 10 mM 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid \[HEPES\], 2 mM glutamine, 1 mM pyruvate, and 50 μM β-mercaptoethanol) at 37°C at 5% CO~2~. Cells were used until approximately passage number 80. For experiments, cells were plated on 25-mm \#1.5 coverslips. Coverslips were prepared by incubation for approximately 10 min with 0.1% poly-[l]{.smallcaps}-lysine solution and then rinsed thoroughly with medium. Cells were transfected using 1 μg of each plasmid with Lipofectamine 2000 according to the manufacturer's instructions and imaged 24--48 h posttransfection. All imaging was performed at 28°C in imaging buffer (10 mM HEPES, 130 mM NaCl, 2.8 mM KCl, 5 mM CaCl~2~, 1 mM MgCl~2~, and 10 mM glucose at pH 7.4). Exocytosis was stimulated using 10 μM ionomycin in imaging buffer or stimulation buffer (10 mM HEPES, 50 mM NaCl, 105 mM KCl, 5 mM CaCl~2~, 1 mM MgCl~2~, and 1 mM NaH~2~PO~4~ at pH 7.4) applied using a μFlow perfusion system (ALA Scientific Instruments, Farmingdale, NY) with a 100-μm-diameter perfusion tip positioned over the cell. A complete list of the plasmids used is given in Supplemental Figure S3. Chemicals were from Sigma-Aldrich (St. Louis, MO), cell culture reagents and Lipofectamine from Life Technologies (Carlsbad, CA), and fixatives from Electron Microscopy Sciences (Hatfield, PA).

TIRF microscopy
---------------

TIRF microscopy was performed as previously described ([@B62]; [@B44]). Briefly, an inverted fluorescence microscope (IX-81; Olympus, Center Valley, PA) with a 100×/1.45 numerical aperture objective (Olympus) was used for TIRF imaging. Fluorescence was excited alternatively with 488- or 561-nm laser lines that were combined and passed through a 488/561DM filter cube (Semrock, Rochester, NY). Emission was spectrally separated using a 565DCXR dichroic mirror and projected side by side on an electron-multiplying charge-coupled device camera (DU 897; Andor, Belfast, UK) with a DualView image splitter (Photometrics, Tucson, AZ) containing 525Q/50 and 605Q/55 filters. The green and red images were superimposed in postprocessing by acquiring an image of 100-nm yellow-green beads (Invitrogen) that were visible in both channels, mapping the position of six beads in both channels, and then superimposing the channels using projective image transform. This protocol was performed each day before experimental images were recorded. Bead imaging was also used to confirm the uniformity and quality of the TIRF illumination field before each experiment.

Images were acquired with IQ2 software (Andor) successively in the green and then the red channels with an exposure time of 500 ms and a 500-ms pause between pairs of images. Pixel size was 160 nm.

Image analysis
--------------

All analysis was performed using custom MATLAB (MathWorks, Natick, MA) scripts and ImageJ. Correlation analysis was performed as previously described ([@B44]). Exocytic events were identified according to the criteria described in the text by visual inspection of stimulated cell movies in the green (NPY-GFP) channel. Event coordinates were recorded in ImageJ. All identifiable events were analyzed. MATLAB scripts extracted a raw intensity mean (*F*~center~) from a 480-nm square box centered on the coordinates and a mean background value from a 1440-nm square surround area (*F*~surround~); this was performed for both channels. The traces were then temporally aligned to the frame before the maximum intensity decrease of the NPY-GFP channel (*t* = 0 in our trajectories). We aligned to the maximum intensity decrease because this was the most robust feature of the NPY-GFP signal at exocytic events. At the time resolution used here, the transient brightening of NPY-GFP is not always observed, but the rapid decrease of fluorescence intensity was observed in all traces. Individual trajectories were background subtracted and normalized over 0--1 by where *F*~min~ is the minimum fluorescence intensity over the *F*~center~ background-subtracted trace and *F*~max~ is the maximum. Average trajectories and SEs were calculated from the normalized trajectories.

tPA-GFP release assay
---------------------

Cells were transfected with tPA-GFP and a red-tagged protein of interest or siRNA, imaged, and superfused as described. Exocytic events were hand selected as dramatic brightening in the green channel, and these coordinates were used in image analysis as described. Events were time aligned to the maximum intensity increase, as this is the most robust feature of tPA-GFP exocytic events.

Immunofluorescence and siRNA
----------------------------

Cells were transfected with SMARTpool siRNAs (Dharmacon, GE Healthcare Life Sciences, Pittsburgh, PA) against dynamin-1 (140694) or dynamin-2 (25751) according to the manufacturer's instructions using Lipofectamine 2000. Cells were cultured with siRNAs for 24--72 h before imaging experiments. For immunofluorescence, cells were fixed with 2% paraformaldehyde (PFA) in imaging buffer for 20 min at room temperature. Cells were permeabilized with 0.5% Triton X-100 for 2 min and then incubated in blocking buffer (3% bovine serum albumin, 0.2% Triton X-100 in phosphate-buffered saline \[PBS\]) for 1 h at room temperature or overnight at 4°C. Primary antibodies for dynamin-1 (1:300, ab52611; Abcam, Cambridge, UK) or dynamin-2 (1:1000, sc-6400; Santa Cruz Biotechnology, Dallas, TX) were added to samples in blocking buffer for 1 h at room temperature or overnight at 4°C. Samples were washed and incubated with secondary antibodies (anti-rabbit or anti-goat Alexa 647--conjugated secondary antibodies, 1:1000) for 30 min at z before washing and postfixing for 20 min at room temperature in 2% PFA. siRNA depletion was estimated from images by measuring mean fluorescence intensity in whole-cell regions in siRNA-transfected cells versus nontransfected cells in the same field of view.

Western blotting
----------------

Cells were harvested, pelleted, and lysed with incubation in RIPA buffer (1% Nonidet P-40, 0.5% sodium deoxycholate, 0.1% SDS in PBS with Complete Protease inhibitor tablet \[Roche, Basel, Switzerland\] and 100 μM phenylmethylsulfonyl fluoride added) for 30 min on ice with intermittent vortexing. Cell debris was pelleted by centrifuging the lysate at 15,000 rpm for 10 min. Lysate protein content was quantified with a bicinchoninic acid assay (BCA-1; Sigma-Aldrich), and 20 μg of protein was loaded per lane on a 10--20% Tris-Glycine Novex gel (Invitrogen). The gel was transferred to a polyvinylidene fluoride membrane and blocked in 10% Omniblock in Tris-buffered saline with 0.2% Tween-20 overnight at 4°C. Blots were incubated in primary antibody (dynamin-1, 1:1000, ab52611; dynamin-2, 1:1000, sc-6400; actin, 1:1000, sc-1615) for 1 h at room temperature, washed, and incubated in secondary antibody (dynamin-1, 1:1000, anti-rabbit; dynamin-2, 1:2500, anti-goat; actin, 1:5000, anti-goat) before extensive washing and treatment with enhanced chemiluminescence kit and exposure to film.

Electron microscopy
-------------------

For thin-section TEM, cells were fixed in 2.5% glutaraldehyde (GA) and 1% PFA for 20 min at room temperature. Secondary fixation with 1% osmium and staining with 1% uranyl acetate was performed before dehydration and infiltration with Epon LX-112. Sections of 80 nm were made and imaged on a JEOL 1400 TEM with an AMT XR-111 camera (Advanced Microscopy Techniques, Woburn, MA).

For CLEM, cells were plated on standard coverslips as described, transfected with NPY-GFP, and processed 1 d later ([@B63]). Cells were rinsed briefly in stabilization buffer (70 mM KCl, 30 mM HEPES, 5 mM MgCl~2~, 3 mM ethylene glycol tetraacetic acid, pH 7.4) twice and then unroofed by sonication in 2% PFA in stabilization buffer ([@B29]). Sonication was performed within 10 s after being placed in PFA with a Branson Sonifier 450 (Branson Ultrasonics, Danbury, CT; 1/8-inch-tapered tip, 5 mm above the coverslip, single 300-ms pulse, lowest output setting). Cells were fixed for 20 min in 2% PFA. After fixation, cells were stained for 1 h with phalloidin--Alexa 647 (Invitrogen) according to the manufacturer's instructions. TIRF microscopy was used to image a 15 × 15 image montage of a large field of unroofed cells. After fluorescence imaging, the coverslips were marked with a diamond objective marker and fixed in 2% GA in PBS overnight at 4°C. They were stained with freshly made 0.1% tannic acid for 20 min, rinsed thoroughly in water, stained with 0.1% uranyl acetate for 20 min, rinsed again, and then dehydrated with increasing concentrations of ethanol (5 min each of 15, 30, 50, 70, 80, 90, and 3× 100%). The coverslips were then critical-point dried with a Tousimis Samdri-795 (Tousimis, Rockville, MD). The samples were cut down to the area of interest with a diamond scribe and coated with platinum-carbon and carbon in a JEOL JFD-V freeze-fracture device (JEOL, Tokyo, Japan). The platinum-carbon was rotary coated at 17°, and the carbon was coated at 90°.

The replica was lifted from the coverslip with 5% hydrofluoric acid and placed onto a 75-mesh copper TEM grid coated with Formvar and carbon. Transmission electron microscopy was performed in a JEOL 1400 using SERIALEM software (D. Mastronarde, University of Colorado, Boulder, CO) to create montages at a magnification of 15,000×. The phalloidin fluorescence image was used to map the fluorescence image onto the EM image in Photoshop (Adobe, San Jose, CA). This allowed correlation of NPY fluorescence to specific vesicles. The coordinates of three NPY-positive vesicles in fluorescence and EM were used to quantitatively map the fluorescence image onto the EM image using a nearest-neighbor two-dimensional affine transformation in MATLAB. This maintains the pixel information from the original fluorescence image rather than interpolating to get an artificially smoothed fluorescence image.
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DCV

:   dense-core vesicle

GFP

:   green fluorescent protein

NPY

:   neuropeptide Y

PIP2

:   phosphatidylinositol-4,5-bisphosphate

TIRF

:   total internal reflection fluorescence.
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